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ABSTRACT

Nuclear magnetic resonance (NMR) spectroscopy is one of the most powerful
analytical tools and has been widely used to quantitively and qualitatively analyze
compositional and structural information of various molecules. Since the first discovery of
NMR, its applications have been continuously expanded into various fields including
chemistry, biology and medicine. For example, NMR has been widely used to elucidate
structure for organic and inorganic compounds and also provide structural, kinetic, and
dynamic information for biological macromolecules, such as proteins, DNA and RNA. One
important application of NMR spectroscopy is to investigate the interaction between
nanoparticles and biomolecules owing to its non-destructive characteristic and providing
atomic level information. Up to now, there are many NMR methods employed to study the
interaction between nanoparticles and molecules. The NMR method we have discussed in
this thesis is Saturation-Transfer Difference (STD) NMR spectroscopy. At the end of
Chapter One, a detailed explanation of STD NMR spectroscopy is discussed.
The main objective of this thesis is to discuss the development and application of
NMR techniques, in particular STD NMR spectroscopy, to study the interaction between
small molecules and nanoparticles. In this thesis, the application aspects of STD NMR
spectroscopy include two parts: (1) studying the interaction between xanthene dyes and
two types of polystyrene nanoparticles functionalized with carboxylate or amidine groups
on the surface, which is discussed in Chapter Two. In addition, results of NMR
spectroscopy have been compared with that of two optical methods (UV-Vis spectroscopy
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and Fluorescence spectroscopy); (2) probing the driving forces for binding between amino
acids and polystyrene nanoparticles, which is discussed in Chapter Three. A series of
experiments is executed to verify the existence of electrostatic effects and hydrophobic
effects between nanoparticles and amino acids.
The development aspect of STD NMR spectroscopy involves
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C STD NMR

spectroscopy using the insensitive nuclei enhanced by polarization transfer (INEPT) pulse
sequence (STD-INEPT), which is discussed in Chapter Four. Here, we have performed
STD-INEPT method and explored its application under different conditions. Comparing
with the 1H STD-NMR and STD-HSQC methods, the advantages and disadvantages of
STD-INEPT method have been discussed.
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CHAPTER ONE
NMR APPLICATION IN NANOPARTICLES
1.1 NMR Spectroscopy
1.1.1 NMR background
Nuclear magnetic resonance (NMR) spectroscopy is one of the most powerful
analytical tools and has been widely used to quantitively and qualitatively analyze
compositional and structural information of various molecules.
The phenomenon of NMR in condensed matter was first successfully discovered
by two independent research groups, Edward Mills Purcell1 at Harvard University and
Felix Bloch2 at Stanford University, in December 1945 and in January 1946. In 1952, the
two great scientists, Purcell and Bloch, were awarded the Nobel Prize in Physics in
recognition of their discovery of NMR, Figure 1.1. In 1991, Richard R. Ernst3 at
Eidgenössische Technische Hochschule (ETH) Zürich, Switzerland, was awarded the
Nobel Prize in Chemistry for his outstanding contributions to the development of the
method of high-resolution NMR spectroscopy. In 2002, Kurt Wüthrich4 at ETH Zürich,
Switzerland, received the Nobel Prize in Chemistry for his development of NMR
spectroscopy for determining the 3D structure of biological macromolecules in solution. In
2003, Paul C. Lauterbur5 from the University of Illinois at Urbana-Champaign, and Sir
Peter Mansfield6, University of Nottingham, UK, shared the Noble Prize in Physiology or
Medicine for their discoveries concerning magnetic resonance imaging (MRI).

1

Edward Mills Purcell

Kurt Wüthrich

Felix Bloch

Paul C. Lauterbur

Richard R. Ernst

Peter Mansfield

rom nobelprize.org
of for
Nobel
for their
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Figure 1.1. Figure
Awardees1:ofawardees
Nobel Prizes
their Prizes
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contribution
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Photographs from nobelprize.org.

Since the first discovery of NMR, its applications have been continuously expanded
into various fields, including chemistry, biology and medicine.7-9 NMR is non-destructive
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and able to provide atomic level information. It has played an important role in structure
elucidation for organic and inorganic compounds.10 In addition, NMR has also been used
to provide structural, kinetic and dynamic information for biological macromolecules, such
as proteins11,12, DNA, and RNA.13 In addition to solution state NMR, solid state NMR has
also been widely used to investigate molecular structure of solid state samples.14,15 MRI is
an important diagnostic tool that has been widely used in clinical studies.16
To understand the principles behind NMR techniques, some basic concepts of
NMR, including the nuclear spin and spin distribution, chemical shift, and spin-spin
coupling, have been briefly introduced below.
1.1.2 Nuclear spin and spin distribution
The principle of NMR spectroscopy relies on the fact that most atomic nuclei have
spin. In quantum mechanics, the nuclear spin quantum number, I, is used to characterize
spin. The following rules are used to calculate spin of a nucleus:
1. if the number of neutrons and the number of protons are both even, the nucleus does not
have spin.
2. if the number of neutrons and the number of protons are both odd, the nucleus has an
integer spin (i.e. 1, 2, 3).
3. if the sum of the number of neutrons and the number of protons is odd, the nucleus has
a half-integer spin (i.e. ½, 3/2, 5/2).
The spin quantum number of common nuclei is shown in Table 1.1. It’s notable that nuclei
with I = ½ play the most important role in NMR spectroscopy.
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Nucleus

Number of
protons

Number of
neutrons

Spin quantum
number I

1H

1

0

1/2

3

H

1

2

1/2

3

He

2

1

1/2

11B

5

6

3/2

12

C

6

6

0

13

C

6

7

1/2

15N

7

8

1/2

16

8

8

0

17

O

8

9

5/2

19F

9

10

1/2

Na

11

12

3/2

27Al

13

14

5/2

29

14

15

1/2

31

P

15

16

1/2

35Cl

17

18

3/2

59

27

32

7/2

O

23

Si

Co

Table 1.1. The spin quantum number I of common nuclei.
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A nucleus of spin I has 2I +1 degenerate states. If there is no external magnetic
field, the degenerate states are at the same energy level. If an external magnetic field is
applied, the degeneracy will be broken, and the nucleus will interact with the external
magnetic field and give rise to different energy levels. The splitting between nuclear spin
levels is called the nuclear Zeeman splitting. The different energy levels can be
characterized by the magnetic quantum number m. The value of m is limited to -I and I in
integer steps. For example, 1H has a half-integer spin, I = 1/2, and if external magnetic
field is applied, it will interact with magnetic field and result in two different energy levels
(2 x (½) +1 = 2) according to Zeeman splitting, as shown in Figure 1.2. The two different
energy levels have m = 1/2 and m = -1/2. The state with m = 1/2 is called α or “spin up”.
The state with m = -1/2 is called β or “spin down”. In general, the α state has the lowest
energy and nuclear spin aligns with the direction of the external applied magnetic field.
The energy difference between two states is denoted as ΔE.
The spin population at different energy levels are distributed according to
Boltzmann distribution:
#∆%
𝑁!
= 𝑒 &'
𝑁"

where Nα is the numbers of spins in the ground “spin up” state and Nβ is the numbers of
spins in the excited “spin down” state, ΔE is the energy difference between two states, k is
the Boltzmann’s constant (1.381 x 10-23 J/K), and T is the absolute temperature in degrees
Kelvin.
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"
m = -1/2
E

!
m = +1/2
B0 = 0

B0 > 0

Figure 1.2. Schematic diagram of the energy levels for 1H nucleus with spin I = 1/2 and
its nuclear Zeeman splitting in an external magnetic field B0. Note: the population of nuclei
showed in two energy levels are not proportional to real spin distribution.

When an appropriate radiation is applied, it is possible that spins in lower energy
state will jump into the higher energy state. The frequency of this radiation is determined
by the energy difference between two states. The energy difference between two states,
ΔE, can be calculated in equation below:
∆𝐸 = ℎ𝜈(
where h is the Plank’s constant (6.625 × 10−34 Js), 𝜈( is the Larmor frequency.
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In NMR, the spin will precess around the external magnetic field and this motion is called
Larmor precession, as shown in Figure 1.3. The frequency of this precession motion is
described as Larmor frequency, which can be expressed as:
𝛾𝐵
=
draw a figure like𝜐 this
2𝜋
(

(

where 𝐵( is the strength of external magnetic field and γ is the gyromagnetic ratio of
nucleus.

Magnetic field

Z

X

Y

Figure 1.3. Illustration of Larmor precession

This precession of nuclear spin magnetic moment is actually what we detect in
NMR. When we put a coil in xy plane that is perpendicular to the main external magnetic
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field 𝐵( (along z axis), the precession of the magnetization will induce an electric current
in the coil, which is called free induction decay (FID). Fourier transformation of the FID
gives the signal in frequency domain, which is what we normally see in NMR spectrum.

1.1.3 Chemical shift
When an external magnetic field is applied, the nuclei give rise to different energy
levels and resonance frequencies. As showed above, the resonance frequency (𝜈( ) is related
to the strength of external magnetic field (𝐵( ) and the gyromagnetic ratio of nucleus (γ).
Electrons that are around nuclei will also generate a magnetic field, which is anti-parallel
to the external magnetic field, as shown in Figure 1.4. Thus, the real magnetic field
experienced by one nucleus is decreased by the electron-generated magnetic field.
Chemically different nuclei could have different electronic environments. The differences
in the electronic environment cause a nucleus to experience different effective magnetic
field. This effect is called chemical shift (𝛿).
The absolute resonance frequency shift depends on the applied external magnetic
field. The magnetic field strength has to be specified in order to quote an NMR frequency,
which is very inconvenient. Besides, it is hard to remember the exact frequency number.
Therefore, a reference compound is usually used in chemical shift calculation. For
example, tetramethylsilane (TMS) is usually chosen as the reference compound for
chemical shift calculation of 1H nucleus. Typically, the unit of chemical shift is parts per
million (ppm). The chemical shift can be calculated using the following equation:
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𝛿))* =

𝜈 − 𝜈'+,
× 10𝜈'+,

draw a figure like this
Notably, the dependency on the strength of external magnetic field can be eliminated by
using reference compounds.

Induced opposite magnetic field

External
magnetic
field B0

Nucleus

Induced electron currents

Figure 1.4. The induced electron currents from electrons around nucleus will induce a
small magnetic field, which is in the opposite direction to the extremal magnetic field.
1.1.4 Spin-spin coupling
The effective magnetic field experienced by one nucleus also depends on the
existence of nearby nuclei spins in the same molecules and the orientation of their magnetic
moment. This effect is called spin-spin coupling, which will cause splitting of signal peak.
The spin-spin coupling is an indirect interaction between two nuclear spins through the
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electrons of the chemical bonds between them. The size of splitting is called spin-spin
coupling constant, J. It is worth to mention that the J coupling constant does not depend
on the strength of external magnetic field.
The multiplicity of the spin-spin coupling is determined by the number of vicinal
nuclei that are connected with the interested nuclei through chemical bonds. It follows the
(n+1) rule, where n is the number of nuclei in the neighboring group. The scalar coupling
constant J depends on the number of bonds between the interacting nuclei. Typically,
coupling through 1 to 3 bonds can be detected. But it is also possible to see the coupling
beyond 3 bonds if there is electron delocalization.
In all, chemical shift and spin-spin coupling are very useful effects in NMR
spectroscopy because they enable us to observe the electronic and nuclear environment of
interested nuclear spins.
1.2 Nanoparticles
1.2.1 Introduction
Nanotechnology has gained great research interest since last century. This idea was
first discussed in 1959 by a Nobel awardee Richard P. Feynman in his presentation
“There’s Plenty of Room at the Bottom”.17 In 1974, Norio Taniguchi, professor of Tokyo
University of Science, first mentioned the term “nano-technology”.18 There has been
tremendous development in nanotechnology ever since. Various types of materials at
nanoscale level can be made. Nanoparticles (NPs) are one kind of materials that have at
least one dimension less than 100 nm.19 NPs all have very high surface to volume ratio,
which make them extremely reactive.
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The properties of NPs are very different from that of bulk materials and atomic or
molecular systems. For NPs, size and shape are two extremely important factors, because
changing size and shape of NPs can influence their physiochemical properties.20-24 The
structure of NPs usually include three layers25, 26, Figure 1.5,
(1) the core, which is the main part of NPs and results in the key properties of NPs,

-shell nanoparticles

(2) the shell layer, which is usually composed of different materials from the core,
(3) the surface layer, which can be used to impart functional group on the surface of NPs.

shell

surface
layer

core

Figure 1.5. The schematic diagram of the three-layer structure of NPs.
Due to these unique characteristics, NPs have attracted tremendous attention from
researchers. Applications of NPs have been extended into various fields, including drug
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delivery,27,28 imaging contrast agents,29-31 biosensing,32,33 catalysis,34,35 electronics,36,37 and
water treatments.38,39
1.2.2 Nanoparticles: classification, synthesis, and properties
(1) Classification
There are multiple approaches to classify NPs.40,41 They are commonly classified
based on dimensionality, morphology, and chemical composition. Depending on their
dimensionality, NPs can be divided into these categories: (1) one-dimension NPs: thin film
(sizes 1-100 nm) or monolayer; (2) two-dimension NPs: nanotubes, nanowires nanorods;
(3) three-dimension NPs: dendrimers, fullerenes, quantum dots. Depending on
morphology, NPs can be classified as flat and spherical. It can be also further divided
according to aspect ratio: high-aspect ratio (such as nanowires, nanofibers, and nanotubes)
and low-aspect ratio (such as nanospheres, nanocubes, and nanopyramids). Depending on
composition, NPs can be divided into two groups: (1) single constituent material, such as
metal (Au, Ag) NPs (2) composite of several materials, such as some hybrid nanoparticle
with core/shell structure.
(2) Synthesis
In general, there are two ways used to synthesize NPs: top-down synthesis and
bottom-up synthesis. In the top-down method, some bulk materials are employed and
decomposed into smaller units, which are then converted to NPs through mechanical
milling, chemical etching, sputtering, and laser ablation. In the bottom-up method, single
molecules are used to prepare NPs by means of chemical reactions, self-assembly, physical

12

and chemical vapor-phase deposition, and biological synthesis via bacteria, yeasts, and
fungi.19
(3) Properties
The reason why NPs have attracted immense attention from researchers is their
unique physicochemical properties, such as high surface to volume ratio, great mechanical
strength, optical activeness, and chemical reactivity. Some of these excellent
physicochemical properties will be briefly introduced below.
a. Mechanical Properties of Nanoparticles
The mechanical properties of NPs have gained huge interest from both scientific
and commercial aspects. These properties include elastic modulus, hardness and friction.42
NPs’ mechanical properties are very different from bulk materials. For example, studies
have demonstrated that crystalline metal NPs, such as Au NPs, have a higher hardness and
elastic modulus than bulk material.43 Also, within a certain size range, decreasing size of
crystalline NPs results in increasing hardness of NPs since the absence of dislocations in
crystalline structure can increase the resistance to plastic deformation.44
b. Magnetic Properties of Nanoparticles
The composition of magnetic NPs is usually one of these materials, such as pure
metals (e.g. Fe), alloys (e.g. FePt) and iron oxides (Fe3O4). The magnetic NPs have
applications in many areas, including biomedicine,45,46 catalysis,47 magnetic resonance
imaging,48 and water treatment.49 The magnetic properties of NPs arise from the uneven
electronic distribution.42 Common synthetic approach for preparation of magnetic NPs are
microemulsion, thermal decomposition, coprecipitation, and hydrothermal synthesis.50
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c. Electronic Properties of Nanoparticles
The unique electronic properties of metal NPs are owing to the size quantization
effect. This size quantization effect happens when size of metals is at nanoscale level so
that the electronic band of metals will change from semi-continuous to discrete. When the
size of NPs is sufficiently low, a band gap would form. As the size of metallic NPs is
smaller than 2 nm, NPs will change from conductor to semiconductor.42
Due to these excellent physicochemical properties, NPs have applications in
various area. One of the major applications of NPs is biomedicine, which will be introduced
more below.
1.2.3 Nanoparticles applications in biological systems
NPs have been widely used in biological systems and here we will discuss the three
applications categories, including biosensing, imaging and drug delivery.
(1) Biosensing
NPs have been made as biosensors to sense biological molecules (e.g. proteins,
DNA and glucose, etc.), diseases, and toxic materials.33,51,52 Specific receptors, which are
generally made up of antibodies, enzymes and nucleic acids, are conjugated to the surface
of NPs to recognize the targeting biological analytes. The binding event is translated into
detectable signals, which can be electrochemical, optical, electronic, magnetic, or
gravimetric. Biosensors that are made of NPs have higher sensitivity and lower detection
limit than traditional biosensors. These advantages arise from the fact that NPs have a very
high surface to volume ratio, and thus can hold more receptors per volume.
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High surface to volume ratio combined with unique physicochemical properties
enable NPs to become excellent biosensors. For example, due to unique optical and
electronic properties, Au NPs have been used for colorimetric sensing53 and
electrochemical sensing.54 For example, a 1.4 nm Au nanocrystal functionalized with flavin
adenine dinucleotide was connected with a redox enzyme glucose oxidase to construct a
bioelectrocatalytic system.54 This system acted as an excellent sensor for glucose in
physiological concentration range with its efficient electrical communication.
(2) Imaging
NPs have been widely used in bioimaging techniques, such as optical imaging (OI)
and magnetic resonance imaging (MRI), for imaging biological species.29,30,55 OI mainly
takes advantage of unique optical properties of NPs (e.g. quantum dots/dye-doped quantum
dots) while MRI employs their distinctive magnetic properties (e.g. superparamagnetic iron
oxide). In addition, there are also studies that have developed NPs for dual-mode OI/MRI
imaging.56-58
For example, Fe3O4/Au NPs have been conjugated with an antibody targeting
epidermal growth factor receptor to make an active MRI contrast agent for imaging nonsmall cell lung cancer tissue.30 InAs-based core–shell quantum dots (QDs), exhibiting a
higher quantum yield and stability, have been incorporated into lipoproteins and used to
quantify metabolic processes in real time by imaging their transition between brown
adipose tissue, liver, and vein. 55
(3) Drug Delivery
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NPs have attracted dramatic research interest for their ability to effectively deliver
drugs with advantage of decreased dosage, weakened side effects, and higher therapeutic
efficiency.41,59-60 As drug delivery vehicles, NPs have the ability to prevent drugs from
degradation and carry and release them to targeting tissue or cells. There are two ways of
combining drug or protein and NPs: encapsulation or conjugation to the surface of NPs.
NPs as drug delivery systems have several advantages over microscale particles.
First, the cellular uptake efficiency of NPs is dramatically high. For example, Desai et al.
investigated the effect of particle size on gastrointestinal tissue uptake and found that the
uptake of 100 nm polylactic polyglycolic acid NPs was 15-250-fold higher than that of 10
𝜇m particles.61 Second, the surface of NPs can be functionalized to make them more
biocompatible and better targeting cells or tissues.62 Third, varying the composition or
length of polymer chain of polymer NPs can control the release rate of encapsulated
drugs.63
Overall, NPs have attracted significant interest from researchers and have been
widely used in biological systems. However, up to now, the interaction between NPs with
biological molecules are still not completely understood. Therefore, it is of great
importance to have an analytical technique that enables us to explore the underlying
mechanism of nanoparticle-molecules interaction in order to better utilize NPs. In the
following chapters, common analytical methods used to characterize nanoparticlebiomolecule interaction will be briefly discussed.
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1.3 Nanoparticle-biomolecule interaction
1.3.1 Protein corona
With the rapid progress of nanotechnology, NPs have been developed with a variety
of applications. One important application is in biomedicine field. Although the
physicochemical properties and behavior of NPs can be characterized precisely in simple
and ideal experimental setting, it becomes significantly difficult in physiological
environment. In the context of biomedical applications, NPs are exposed to biological
fluids which contains a wide range of biomolecules with different abundances and different
binding affinity. Due to the high surface to volume ratio and high surface energy of NPs,
many biomolecules are absorbed on the surface of NPs and form the so-called biomolecule
corona.64 Specifically, when proteins are absorbed, the corona are called “protein
corona”65, as shown in Figure 1.6.
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Figure 1.6. The schematic illustration of protein corona. Note: the size of protein and
nanoparticles in this illustration does not correspond to real size.
This dynamic biomolecular corona can decrease the surface energy of NPs and
facilitate their dispersion. It is the nanoparticle-corona complex that actually interacts with
biological systems subsequently. The corona also provides the biological identity for NPs,
further modify NPs’ targeting, cellular uptake, circulation time, physiological response,
and toxicity.66
However, some studies show that the interaction between NPs with proteins might
disrupt the native conformation of proteins, resulting in exposing cryptic epitopes on the
proteins surface.67 The conformational change of proteins will subsequently impact their
biological functions,68-71 such as the enzymatic activity. In addition, the structural
perturbation may also affect biological recognition. For example, the cell signaling process
could be interrupted if any receptor or antibody structure is changed. Also, the structural
variation could also lead to failing interaction with other proteins, which further disturbs
cell homeostasis.72
Therefore, to better develop NPs in biological systems, it is crucial to have a
mechanistic understanding of the interaction between NPs and biomolecules.
1.3.2 Characterization methods
A variety of analytical techniques have been used to characterize the interaction
between nanoparticle and biomolecules.64,73,74 Common methods are Fourier Transform
Infrared spectroscopy (FTIR), Circular Dichroism (CD) spectroscopy, Fluorescence
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Resonance Energy Transfer (FRET), Mass Spectrometry (MS), and Surface Plasmon
Enhanced Raman (SPER), as listed in Table 1.2.67
Method

Phenomenon Monitored

Reports on

Circular dichroism (CD)
spectroscopy

Optical activity

Secondary and tertiary structure
of adsorbed protein

Fourier transform infrared
spectroscopy (FTIR)

Amide bond vibrations

Secondary structure of adsorbed
proteins

Fluorescence resonance energy
transfer (FRET)

Intramolecular energy transfer

Extension of proteins on
adsorption

Solid-state NMR

Distances between backbone
carbonyl carbon and nitrogen
atoms

Structure and dynamics of
adsorbed protein

Surface plasmon enhanced
Raman or fluorescence
spectroscopy

Wavelength shift or fluorescence

Thickness and structural
organization of adsorbed protein

Matrix-assisted laser desorption
ionization (MALDI)- time of flight
mass spectroscopy (ToF-MS)

Molecular mass

Identification of adsorbed proteins

Table 1.2. Methods used to characterize the interaction between nanoparticle and
biomolecules. The table is revised according to reference 67.

However, these techniques have a limitation since they can only monitor the global
structure changes of absorbed proteins. Detailed structural changes of proteins are still hard
to acquire. Under this circumstance, NMR techniques have gained more interest among
people who want to study the interaction between NPs and proteins. This is because NMR
techniques are noninvasive and able to provide high resolution (atomic level) information.
In recent years, a large progress in studying the structure of absorbed proteins have been
made using solid state NMR. However, we eventually want to apply nanotechnology-based
materials in biological systems, which are in solution state. It would be better to monitor
the structure changes directly in solution state. The problem is that it is difficult to use
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solution state NMR to acquire detailed structure information from particles that have slow
tumbling rate, like NPs. Slow tumbling rate would result in fast relaxation of peaks, and
hence lead to very broad peak line. One way to solve this problem is to use ligand-detected
techniques. Instead of directly observing NPs, we will observe changes of ligands that
binds to NPs. The ligand-detected technique we use here is called Saturation Transfer
Difference (STD) NMR.
1.3.3 Saturation Transfer Difference NMR Spectroscopy
Basically, STD NMR experiment will collect two spectra, off-resonance spectrum
and on-resonance spectrum, as shown in Figure 1.7.75,76 The off-resonance spectrum is
acquired by offering an extra radio frequency pulse to saturate at a frequency where neither
receptors/NPs nor ligands would resonate. The on-resonance spectrum is got by saturating
at frequency where only NPs resonate. The saturation will then spread to the entire NPs by
spin diffusion and also reach ligand binding pockets. So, ligands that binding the NPs (the
purple in Figure 1.7) will receive saturation transferred from NPs. When these bound
ligands dissociate from NPs, the intensity of their peaks in on resonance spectrum will
decrease. The difference spectrum can be got by subtracting on-resonance spectrum from
off-resonance spectrum. In difference spectrum, therefore, only peaks from binding ligands
will show up.
From the difference spectrum, we can calculate STD effect, STD effect = .

.
(")

,

where I is the intensity of peak in the difference spectrum, I(0) is the intensity of peak in the
reference spectrum. An STD buildup curve can also be constructed, by plotting the STD
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effect as a function of saturation time. There are many factors that can affect the STD
effect, including relaxation time of protons on both ligands and receptors, ligand:receptor
ratio, and ligand rebinding during the saturation time.77 Angulo et al. showed that the initial
slope of the buildup curve is a more accurate way to measure the relative strength of
binding than using STD effects at one particular saturation time, since this method can
mitigate the ligand rebinding effects and the influence of different relaxation of protons
during longer saturation times.78

RF pulse
ligands

NPs

off resonance
receive
saturation
on resonance

difference

Figure 1.7. Schematic illustration on how STD NMR works. Ligands with purple color
represents binding molecules while green color ligands do no bind to the NPs.

1.4 In this thesis
The main objective of this thesis is to discuss the development and application of
NMR techniques, in particular STD NMR spectroscopy, to study the interaction between
small molecules and NPs. In this thesis, the application aspects of STD NMR spectroscopy
include two parts: (1) studying the interaction between xanthene dyes and two types of
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polystyrene NPs functionalized with carboxylate or amidine groups on the surface. Results
from NMR methods have been compared with results from two optical techniques. (2)
probing the driving forces for binding between amino acids and polystyrene NPs. The
development aspect of STD NMR spectroscopy involves the 13C STD NMR spectroscopy
using the insensitive nuclei enhanced by polarization transfer (INEPT) pulse sequence,
which resolves the peak overlap issue of 1H STD NMR spectroscopy.
Chapter One gives an introduction to NMR spectroscopy and NPs. Basic concepts
of NMR have been discussed, including nuclear spin and spin distribution, chemical shift
and spin-spin coupling. In addition, NPs’ properties, classification, synthesis and
application have also been briefly discussed. Furthermore, the main method used in this
thesis, STD NMR spectroscopy, have been described.
Chapter Two is about the application of STD NMR spectroscopy, which is to study
the interaction between xanthene dyes and NPs. Fluorescent dyes and NPs have been
widely used together to make novel biosensors, taking advantage of their unique
characteristics. It is crucial to have techniques that enable us to gain detailed and highresolution information regarding the interaction between NPs and fluorescent dyes. In this
work, we chose rhodamine B (RhB) and amidine- and carboxylate-modified polystyrene
NPs as models and employed both NMR (1H and STD-NMR) and optical (UV−vis and
fluorescence) techniques to investigate the interaction between NPs and fluorescent dyes.
From UV−vis and fluorescence spectroscopy, we see that there are larger red shifts when
rhodamine B binds to carboxylate-modified polystyrene NPs than amidine-modified NPs.
Correspondingly, RhB has broader NMR peaks and a larger STD effect when binding to
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carboxylate NPs than amidine NPs. Results from these two techniques validate each other.
It is notable that the NMR techniques provide more reliable data than UV−vis and
fluorescence methods. Moreover, we show that NMR techniques, especially STD-NMR,
can provide more atomic-level binding geometry information. The higher STD effect of
the smaller aromatic ring of RhB implies that this aromatic ring is closer to the surface of
NPs when binding to polystyrene NPs.
Chapter Three provides another application possibility of STD-NMR spectroscopy,
which is exploring the different driving forces that are responsible for binding interaction
between nanoparticle and amino acids. A series of experiments are executed to investigate
two binding modes: electrostatic interaction and hydrophobic interaction. Specifically, the
electrostatic effects are probed by using zwitterionic polystyrene beads and performing
STD-NMR experiments at high, low, and neutral pH, as well as by varying the salt
concentration and observing the effect on the STD buildup curve. The influence of
dispersion interactions on ligand-nanoparticle binding is also explored, by establishing a
structure–activity relationship for binding using a series of unnatural amino acids with
different lengths of hydrophobic side chains. Based on these studies, we conclude that in
order to bind, amino acids must have either a long hydrophobic side chain or aromatic side
chain. Once this criterion has been met, electrostatic effects will further contribute to the
relative binding intensity of amino acids. These results will be useful for predicting which
residues in a peptide are responsible for binding and for understanding the driving forces
for binding between peptides and NPs in future studies.
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Chapter Four mentions the development aspect of STD-NMR spectroscopy. Here,
we have explored the more possibility of
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C-detected STD NMR by using a series of

molecules. We have implemented 1H→13C STD-NMR with INEPT method, quantified the
STD effect, plotted buildup curves and compared results from STD-INEPT experiments
with 1H STD-NMR and STD-HSQC NMR experiments for several combinations of
molecules interacting with carboxylate-modified polystyrene NPs. In most conditions,
STD-INEPT method is able to provide similar information with the 1H STD-NMR and
STD-HSQC methods while resolving peak overlap issue and saving time. STD-INEPT
method could have great benefit in screening ligands and mapping group epitope at the
very beginning of exploration, especially 1H NMR spectrum has worse peak overlap issue.
Chapter Five includes the summary of this thesis and some future work about the
further development of STD-NMR spectroscopy with applications in NPs.
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CHAPTER TWO
EXPLORING INTERACTION BETWEEN XANTHENE DYE AND
NANOPARTICLES
2.1 Introduction
Xanthenes, an important type of fluorophore, have gained extensive attention from
academic researchers and industries due to their remarkable photophysical properties, such
as high photostability, excellent quantum yield and high molar extinction coefficient.1,2
One of these popular xanthene fluorophores, rhodamine has been widely developed
because of its unique fluorescent properties. Non-fluorescent and colorless rhodamine
spirolactam or spirolactone derivatives will change to pink color and emit fluorescence
once the spirolactam/lactone ring is opened.1,3,4 Researchers have taken advantage of this
characteristic and applied rhodamine and its related derivatives to many fields, including
applications in biological makers and bioimaging.5–8 For instance, rhodamine derivatives
have been extensively used as fluorescent chemosensors to sense biologically and
environmentally-related metal ions (Cu2+, Hg2+, Zn2+, Pd2+, etc ),9–11 to detect pH12,13 and
to monitor enzyme activity.14–16 Compared with other sensing methods, fluorescent probes
can be easily introduced into the system and are highly sensitive and selective.1 For these
reasons, fluorescence imaging is excellent in providing real time imaging in cells.2,17 In
this work, we use an inexpensive rhodamine dye, rhodamine B (RhB), as a model for
xanthene dyes because its derivatives have been extensively applied in many areas.9,10,18
Due to their unique physicochemical properties, NPs are important in the
biomedical field. To date, NPs have been used in drug delivery, bioimaging, and as
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biosensors.19–22 Recently, significant effort has been made to develop biosensors by taking
advantage of both NPs and fluorescent dyes. For example, optical oxygen sensors have
been developed by trapping fluorescent dyes inside a polymer nanoparticle. Wang et al.23
have utilized amino-modified polystyrene beads to encapsulate dyes and Pt coordination
complexes as oxygen probes to determine and image the intracellular oxygen levels. The
McNeill group has developed single nanoparticle oxygen sensors by using conjugated
polymer NPs to entrap an oxygen sensitive dye, platinum(II) octaethylporphine.24 The
function of NPs mainly relies on how their surface interacts with other molecules and their
surroundings.25 One key element to the development of nanoparticle-dye sensors is the
understanding of nanoparticle-dye interaction, which requires a powerful characterization
method. The main characterization techniques that are currently used are fluorescence
spectroscopies, which are mainly based on the fluorescence response. Fluorescence,
however, cannot provide atomic-level details regarding nanoparticle-dye interactions.
Hence, a technique that enables us to obtain detailed and high-resolution information about
the interaction between NPs and dyes is crucial to the development of better biosensors.
In recent years, various Nuclear Magnetic Resonance (NMR) spectroscopy
experiments have been developed to gain insight into structural information regarding
small molecules and proteins on the surface of NPs.26–38 NMR experiments are nondestructive and can provide atomic-level resolution. These experiments include measuring
diffusion coefficients28,30 of free and bound ligands using either pulsed-field gradient or
diffusion-ordered spectroscopy (DOSY) experiments, exploiting the different relaxation
times in free and bound ligands,29-31,34-37 methods that exploit different rotational
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correlation times between the small ligand and large receptor such as NOESY30 and
waterLOGSY,39,40 and methods that rely on saturation transfer such as STD-NMR30 and
dark-state exchange saturation transfer (DEST).26,31,38 STD-NMR41,42 is particularly
effective to probe ligand binding on a nanoparticle surface.43–48 The difference STD
spectrum contains peaks only from binding ligands. DEST is another common NMR
method used to investigate surface interactions.49,50 The DEST experiment is used in
particular to characterize visible species that are in exchange with a dark state, which is
rendered NMR-invisible due to slow tumbling resulting in large transverse relaxation rates.
It is notable that unlike STD, the DEST method does not require saturation transfer from
receptors to ligands via cross-relaxation.
These NMR techniques come with limitations, the main one being the inherent low
sensitivity of the NMR technique. This requires higher concentrations of sample than
corresponding optical techniques, and the higher concentrations required for NMR will
influence binding equilibria. However, the strength in these NMR techniques is the atomiclevel information about binding geometry that they are able to provide. STD-NMR, for
example, can be used for epitope mapping. All other things being equal, a higher STD
effect will be observed for protons on a ligand that are closer to the receptor in the bound
geometry.
In this work, the interaction between RhB dye and two kinds of polystyrene NPs
(carboxylate-modified and amidine-modified) was determined by 1H and STD NMR
spectroscopy. Additionally, we also measure UV-Vis and fluorescence spectroscopy to
validate the NMR results. Conclusions from these two techniques are in line with each
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other. However, we find that the NMR techniques are more reliable as indicated by a lower
percent error in repeat measurements.
2.2 Materials and methods
Amidine polystyrene latex beads (4% w/v suspension in deionized water, 0.02 µm)
and carboxylate-modified polystyrene latex beads (4% w/v suspension in deionized water,
0.02 µm) were purchased from Thermo Fisher Scientific (Waltham, MA, USA).
Rhodamine B (≥95%, HPLC) was purchased from Sigma-Aldrich (St. Louis, MO).
Hydrochloric acid, sodium hydroxide, and deuterium oxide (99.8 atom % D, for NMR,
Acros Organics) were purchased from Fisher Scientific (Hampton, NH, USA). All reagents
and solvents were used as received. Deionized water was prepared using a Millipore MilliQ purifier.
NMR samples consisted of 1 mM RhB and 11 nM polystyrene NPs in D2O. The
total volume of solution was 1 mL. 5 mm od NMR tubes (Norell inc, Morganton, NC) were
used in all NMR experiments. For UV-Vis and fluorescence experiments, samples
consisted of 1 𝜇M RhB and 0.5 𝜇M polystyrene NPs in H2O. The final volume was 3 mL.
The pH of all samples was adjusted to 7 by addition of a minimum amount of HCl and
NaOH solutions. The pH values were directly measured by the pH probe, without any
corrections for isotope effect.
The UV-Visible (UV-Vis) absorption spectra were recorded on an Agilent 8453
UV−Vis spectrophotometer. Plastic cuvettes with 10 mm path length are used to hold
samples. A blank sample with corresponding solvent only was measured at the beginning
of each set of samples. The spectrum was measured over the range 200-1000 nm. The
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fluorescence spectra were recorded with a commercial fluorometer (Quantamaster, PTI,
Inc.). The excitation wavelength was 540 nm. The emission spectra were measured from
525 to 700 nm. All NMR experiments were performed on a Bruker 500 MHz NEO NMR
spectrometer with a BBO Prodigy nitrogen-cooled cryoprobe. 1H experiments were
acquired with 3-second acquisition time, 8 scans, 1 s recycle delay and 12 ppm spectral
width. STD experiments were performed using the standard Bruker pulse sequence
“stddiffesgp”,41,42 where a train of 50 ms Gaussian pulses at a power of 7.8 mW (0.46 kHz)
was used to achieve saturation. Off-resonance saturation was performed at 40 ppm and onresonance saturation was performed at 12 ppm. The on- and off-resonance spectra were
collected in an interleaved manner. The STD experiment was acquired with 3 s acquisition
time, 128 scans, 4 dummy scans, and 12 ppm spectral width. For both 1D 1H and STD
experiments, the excitation sculpting with gradients water suppression sequence was
used.51 All experiments were done at 298 K. Bruker Topspin 4.0.6 software was used to
process all NMR spectra. A custom-written MATLAB script was used to process phase
corrected spectra to calculate peak integrals. All MATLAB operations were done with
MATLAB R2018a software (MathWorks, Natick, MA, USA).
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2.3 Results and discussion

Figure 2.1. UV-Vis absorption (a) and fluorescence emission (b) spectra of RhB, RhBcarboxylate NPs, and RhB-amidine NPs at pH 7. The baseline of RhB-amidine NPs in UV
spectra is adjusted. The intensity of the fluorescence spectrum (y axis) is divided by 1000.

Representative UV-Vis absorbance and fluorescence emission spectra of RhB
samples are shown in Figure 2.1. The RhB maximum of absorbance (λmax) at pH 7 is 555
nm. The absorbance band of RhB (λmax= 555 nm) does not shift at all when RhB interacts
with amidine modified NPs (0.75 ± 0.95 nm). On the contrary, the presence of carboxylate
modified polystyrene NPs causes prominent red shifts of RhB (3.5 ± 1.7 nm), reaching a
λmax of 558 nm. UV-Vis spectroscopy is primarily used for detecting environmental
change. The red-shift of the maximum absorbance peak is due to the adsorption of RhB to
the surface of NPs. Similar red-shift phenomenon has been reported in the literature for the
binding of RhB to polymers.52 By comparing the two NPs, we can see an indication that
RhB binds to carboxylate-modified NPs, whereas the binding to amidine NPs is negligible.
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Table 2.1. Average and standard deviation of the maximum UV-Vis absorbance and
fluorescence emission peak shift.

In order to confirm this, fluorescence experiments were performed. Figure 2.1b
illustrates the influence of NPs on RhB. The maximum emission of the Rhodamine B was
at 572 nm. Red-shifts of 2.3 ± 1.5 nm are observed when RhB interacts with carboxylatemodified NPs while a -0.5 ± 0.57 nm blue-shift is seen for amidine NPs. Similar red-shift
of fluorescence emission peak is reported in the literature for RhB with polystyrene NPs.53
This peak shift indicates that RhB indeed binds to NPs. The electronic environment of RhB
is affected by interactions with NPs, which resulted in an emission peak shift. Interestingly,
the emission peak has a different shift range when interacting with different modified
surface NPs. The larger peak shift of RhB with carboxylate NPs than amidine NPs implies
that RhB binds to carboxylate NPs, but not to amidine NPs, which is in line with the UVVis results. This can be attributed to the electrostatic attraction between the negatively
charged carboxylate group on the surface of carboxylate NPs and positively charged amino
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group of RhB molecules. However, there is no such attraction between positively charged
RhB and neutral amidine NPs.
Results for individual trials of UV-Vis and fluorescence experiments are listed in
Table 2.1. Although these optical spectroscopy techniques have been used in the past to
explore binding, this might not be the best method to use to study RhB binding to
polystyrene NPs, since the peak shifts are small and have a large variability. In addition,
the absorbance peak and emission peak of RhB overlap with the tail of the NPs scattering
peak, further complicating the analysis. However, the maximum of the RhB peak position
does not appear to be influenced by the presence of the NPs peak.
To provide more reliable insight into RhB binding to polystyrene NPs, as well as
obtain structural information, we used NMR techniques. Figure 2.2 displays the 1D 1H
NMR spectrum of RhB and its peak assignment based on COSY, NOESY and HSQC
experiments. An expanded 1H NMR spectrum between 6 ppm and 8 ppm is shown in
Figure 2.3.
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Figure 2.2. RhB molecular structure, its peak assignment and 1H NMR spectra of 1 mM
RhB, RhB-amidine NPs and RhB- carboxylate NPs at pH 7.

From the bottom to the top are spectra of RhB only, RhB with amidine modified
polystyrene NPs and RhB with carboxylate modified polystyrene NPs. Comparing these
spectra, proton peaks are sharp and have high intensity for the sample containing only RhB,
and are broadened when RhB is combined with NPs. In the case of amidine NPs, the peak
shape and intensity are similar to those of RhB only samples. Interacting with carboxylate
NPs, however, RhB line broadening is more pronounced and a large decrease in intensity
is observed. This is due to the slow tumbling rate of polystyrene NPs. As the size of NPs
is large, their tumbling rate is slow in solution and thus leads to fast T2 relaxation. The
increased transverse relaxation rate mainly contributes to the line broadening of peaks.
Therefore, when RhB molecules bind to the surface of NPs, they will have similar tumbling
rate as NPs, resulting in line broadening and decreased peak intensity. Notably, the
different line broadening effect on RhB peaks between carboxylate NPs and amidine NPs
implies that RhB prefers to bind to carboxylate NPs instead of amidine NPs. The relative
peak integral intensities for each spectrum are listed in Table 2.2. The reduction in peak
integral intensity when RhB binds to carboxylate NPs indicates that a fraction of the RhB
is bound tightly to the NPs. In contrast, no decrease in peak integral intensity is observed
when RhB is combined with amidine NPs. Taken together, the 1D proton NMR data agrees
with the UV-Vis and fluorescence spectra, indicating binding between RhB and
carboxylate NPs, and weak or nonexistent binding between RhB and amidine NPs.
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Figure 2.3. Expanded 1H NMR spectrum between 6 ppm and 8 ppm of 1 mM RhB, RhBamidine NPs and RhB-carboxylate NPs at pH 7.

Table 2.2. NMR peak integral ratio between rhodamine B interacting with amidine and
carboxylate polystyrene latex beads and rhodamine B alone.
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The STD NMR spectra of RhB interacting with amidine and carboxylate
polystyrene NPs are shown in Figure 2.4. The blue line is the reference spectrum while the
red line represents the difference spectrum. When RhB is mixed with amidine NPs, the
STD effect is nearly not observable, as shown in Figure 2.4a. On the other hand, there is a
significant large STD effect when RhB interacts with the carboxylate modified polystyrene
NPs. The larger STD effect again indicates that stronger binding exists between RhB and
carboxylate-modified NPs.

Figure 2.4. STD reference (blue) and difference (red) spectra of 1 mM RhB with amidine
NPs (a) and carboxylate NPs (b) at pH 7. The on- and off- resonance spectra are saturated
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at 12 ppm and 40 ppm, respectively. The saturation times and recycle delays are 2.5 s and
3 s for carboxylate NPs and 3.5 s and 4 s for amidine NPs.

A series of STD experiments with different saturation times was collected. The
STD effect of each peak, which is defined as the peak intensity in the difference spectrum
divided by that in the reference spectrum, is calculated and plotted as a function of
saturation time to make the full STD buildup curves as shown in Figure 2.5. The maximum
STD effect of RhB-carboxylate NPs is around 0.4, which is 7 times larger than that of RhBamidine NPs (0.06). The much higher STD effect of RhB-carboxylate NPs implies the
stronger binding between RhB and carboxylate NPs. RhB molecules receive more
saturation transferred from NPs if they bind more strongly to NPs, leading to higher peak
intensity in the difference spectrum and thus a larger STD effect. This is consistent with
1

H NMR, UV-Vis, and fluorescence spectra.

Figure 2.5. STD buildup curve of RhB-amidine NPs (a) and RhB-carboxylate NPs (b) at
pH 7. The dots are experimental data and the lines are the best fit to S(t) = Smax (1-e-kt),
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where S(t) is the STD effect at time t, Smax is the maximum STD effect and k is a buildup
time constant.

In addition to giving information about relative binding affinity as the optical
methods mentioned above, STD-NMR can also provide insight into the binding geometry
of RhB on the surface of polystyrene NPs. As displayed in Figure 2.6, the maximum STD
effect of the aliphatic protons (peak 1 and 2) of RhB is smaller than that of aromatic groups
(peak 3-9). This can be attributed to the strong π-π interaction between aromatic rings of
RhB molecules and phenyl groups of polystyrene in the NPs. A previous study explored
the influence of stacking of RhB on polymers containing aromatic rings by using polymers
with and without aromatic rings.54 Interestingly, the STD effect of peaks 7-9 from the small
aromatic ring is larger than that of aromatic peaks 3-5 from the large aromatic ring. This
provides more detailed structural information for RhB binding to NPs. That is, the small
aromatic ring of RhB is closer to the surface of NPs when binding to polystyrene NPs. We
speculate that this might be associated with the steric effect of the large aromatic ring and
bulky ethylamine groups, which makes it harder for this aromatic ring to get close to the
aromatic rings in the NPs.
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Figure 2.6. RhB molecular structure with STD effect of RhB-carboxylate NPs displayed
beside each peak. STD effect of peak 6 is not displayed due to peak overlaps with
impurities

The STD-NMR experiments were repeated 4 times and the average and standard
deviation of the STD effects are shown in Tables 2.3 and 2.4. The percent error in the STDNMR measurements is much less than that of the UV-Vis and fluorescence experiments.
Although all three techniques lead to similar conclusions and validate each other, the NMR
technique is more reliable when studying RhB interacting with polystyrene NPs.
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Table 2.3. Average and standard deviation of the maximum STD effect of RhB with
carboxylate NPs.

Table 2.4. Average and standard deviation of the maximum STD effect of RhB with
amidine NPs.

2.4 Conclusions
In this work, we have utilized both NMR (1H and STD NMR) and optical (UV-Vis
and fluorescence) techniques to investigate the interaction between the xanthene dye RhB
and two different functionalized polystyrene NPs. From UV-Vis and fluorescence
spectroscopy, we see that there are larger red shifts when RhB binds to carboxylate
modified NPs than amidine modified NPs. Correspondingly, RhB has broader peaks and a
larger STD effect when binding to carboxylate NPs than amidine NPs from the NMR
spectra. Results from these two techniques validate each other, but the NMR techniques
provide more reliable data, according to the percent error in the measurements, than UV-
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Vis and fluorescence methods. Moreover, we show that NMR techniques, especially STDNMR, can provide atomic-level binding geometry information.
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CHAPTER THREE
PROBING DRIVING FORCES FOR BINDING BETWEEN NANOPARTICLES AND
AMINO ACIDS BY SATURATION-TRANSFER DIFFERENCE NMR
3.1 Introduction
NPs have gained enormous interest due to their unique physiochemical properties,
including size, shape, surface area, surface energy, surface roughness, chemical
composition, and physiochemical stability. These NPs are able to enter almost all areas of
the body because of their small size, which leads to a promising approach to nanomedicine.
For past decades, a variety of NPs have been produced and applied as biomedicines with
applications in diagnostics and therapeutics. Application fields include drug delivery,
biosensors, and imaging contrast agents.1-3
In spite of the rapid development of nanotechnology, relatively little is known about
the effect of NPs on biological systems. Studies indicate that when NPs come into contact
with biological fluids (plasma, or otherwise), they will absorb surrounding biomolecules,
especially proteins, onto their surface, in order to lower the high free energy on their
surface. This will form the so-called “protein corona”, which constitutes a major element
of the biological identity of NPs in biological environment.4-6 The conformation of
proteins, however, could be altered when binding to the surface of NPs, which may make
new epitopes exposed on the surface of proteins.7 Subsequently, this could cause
unexpected reactions and toxicity. Therefore, it is of utmost importance to have analytical
techniques that enable us to determine this protein structural change, which will further
allow us to understand and prevent the unexpected effects of NPs in biological systems.
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NMR techniques are common methods used to characterize conformational change
of proteins on NPs because of their non-destructive nature and providing atomic-level
structure information. It is very difficult to directly observe the structure of NPs using
solution-state NMR, however. The main problem is the large size of NPs which leads to
slow tumbling in solution. This in turn leads to short transverse (or spin-spin) relaxation
time (T2), causing broad lines in the solution-state NMR spectrum. There are times that
the peaks from the nanoparticle and strongly bound ligands are too broad to see and they
completely disappear into baseline. Although difficulty exits, several solution-state NMR
techniques have been developed and applied to study the structure of small molecule
ligands and proteins (ligands are in rapid exchange between the free and bound form, or
have sufficient motion in the bound form) on the surface of NPs, such as nanocrystals,
quantum dots, carbon-based NPs, and noble metal NPs. 8,9
NMR methods commonly used to characterize dynamics and surface morphology
of small ligands on NPs include 1D 1H NMR experiments, relaxation time measurements,
Nuclear Overhauser Effect (NOE), and 2D diffusion ordered spectroscopy (DOSY). For
example, Oliva-Puigdomènech has used 1H NMR and DOSY spectroscopy to gain insight
into the dynamic ligand exchange between amines and carboxylic acids on the surface of
copper nanocrystals.10 Earlier studies by the same group explored binding of phosphonic
acids to CdSe quantum dots,11 acids and bases interacting with metal oxide nanocrystals,12
and binding site heterogeneity on CdSe nanocrystal surfaces.13-15 Similar work using
proton NMR to monitor competitive ligand exchange on CdSe and PbS nanocrystal
surfaces has been done by the Dempsey group.16-18 Glaria et al.19 found that capping
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ligands on Cu NPs can be detected indirectly, through transferred NOEs (trNOE) to free
ligands in solution. The Mattoussi group has combined 1H NMR, DOSY, and heteronuclear
single quantum coherence (HSQC) to probe the composition of the organic coating layer
on semiconductor quantum dots, to differentiate free and bound ligands, and to quantify
the ligand density on quantum dots of different diameters.20,21 Zhang et al.22 investigated
the dynamics and morphology of polymers that are covalently linked to nanodiamonds
through various NMR experiments and calculated the ratio of mobile and immobile
nanoparticle-wrapping polymer segments. Wu and coworkers23 employed 1H chemical
shifts, T2 relaxation times, peak widths, and integrals of ligand NMR signals to determine
aspects of ligand structure on gold NPs, such as packing density, headgroup motion, and
the effect of surface curvature on ligand binding. Coelho et al.24 used NMR lineshape,
DOSY, T1 relaxation times, and NOE measurements to characterize the loading of the anticancer drug Bortezomib (BTZ) into poly(ethylene glycol) (PEG)-functionalized gold NPs.
They discovered that two modes of binding are present: BTZ can associated with the PEG
groups as well as bind to the gold nanoparticle surface through electrostatic interactions.
Other strategies involve either minimizing or using the line broadening induced
when ligands bind to nanoparticle surfaces. Egner et al.25 showed that a 1% agarose gel
could be used to stabilize nanoparticle suspensions and prevent sedimentation, allowing
solution-state NMR studies of adsorption of small molecules on nanoparticle surfaces. De
Roo et al.26 proposed using the line broadening of ligand resonances to understand solventligand interactions. They found that the NMR lineshape of bound ligand resonances
consists of homogeneous and heterogeneous broadening. The homogeneous broadening is
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correlated with the size of the nanoparticle, and the heterogeneous broadening reports on
ligand-solvent interactions. More complete solvation of the ligands that are bound to the
nanoparticle surface leads to a more uniform distribution of chemical environments for the
bound ligands, and a reduced heterogeneous line broadening. Bartot et al.27 found that
different isomers of ubiquitin had similar binding affinity to small NPs, while larger NPs
separated the isomers based on binding affinity. Paramagnetic relaxation enhancement
maps obtained from incorporating a paramagnetic metal center into lipid NPs indicated that
the two ubiquitin isomers bind to the larger NPs with different binding regions.
Brüschweiler and co-workers28,29 have used differential relaxation times to probe the
residue-specific interactions between intrinsically-disordered proteins and silica NPs with
negatively-charged surfaces. The binding between intrinsically-disordered proteins and
silica NPs has been used to study protein dynamics on timescales that were previously unreachable.30
In this and our previous work,31-34 we use a ligand-detected STD NMR35,36 to
indirectly probe ligand binding on a nanoparticle surface. As mentioned before, there are
many factors that can affect the STD effect, including relaxation time of protons on both
ligands and receptors, ligand:receptor ratio, and ligand rebinding during the saturation
time.37 Angulo et al.38 showed that the initial slope of the buildup curve is a more accurate
way to measure the relative strength of binding than using STD effects at one particular
saturation time, since this method can mitigate the ligand rebinding effects and the
influence of different relaxation of protons during longer saturation times.
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STD-NMR has been widely used to study the binding of ligands to
biomacromolecules.39,40 Several studies have also appeared in the literature concerning
using STD-NMR to study the binding between small molecule ligands and NPs as well.
Szczygiel et al.

41

used STD NMR to characterize particle-dispersant interactions,

including differentiating binding ligands from nonbinding ligands and determining the
morphology of ligands on a nanoscale particle surface in situ. Hens et al.42 suggest that
STD-NMR may have potential for studying proton-containing small molecule species
adsorbed on the surface of colloidal nanocrystals. Suzuki et al.43,44 used STD-NMR to
study the binding between a Ti-binding peptide and TiO2 or SiO2 NPs.
In previous work,31 we examined the binding between amino acids and polystyrene
NPs. We found significant STD effects for amino acids that have aromatic, positivelycharged, or long aliphatic side chains, and attributed the binding between these amino acids
and the polystyrene NPs to pi-pi interactions, electrostatic interactions, and hydrophobic
effects, respectively. Our results were similar to those found for amino acids interacting
with the surface of silica NPs.28 In both cases, positively-charged amino acids were found
to exhibit strong interactions with the negatively-charged surface. Amino acids with long
hydrophobic chains were also seen to bind strongly to both silica and polystyrene NPs.
However, in the case of polystyrene NPs, the aromatic amino acids also exhibit strong
binding, whereas the aromatic amino acids do not bind strongly to silica NPs which lack
aromatic groups. In the current work, we perform a series of experiments to test these
hypotheses, and shed more light into the reasons for binding between small molecules
(represented by amino acids in this case) and polystyrene NPs.
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In order to investigate the role of electrostatic effects, we performed STD-NMR
experiments at different pH, and with aliphatic amine beads instead of carboxylate
modified polystyrene beads. These aliphatic amine polystyrene beads are zwitterionic, with
a high density of both amine and carboxylate groups on the surface. Based on zeta potential
measurements, we found that these beads are positively charged at low pH, and negatively
charged at near neutral and high pH. Varying the pH, therefore, allowed us to examine
nanoparticle-amino acid interactions in which the two charges were equal, opposite, or one
charged and one neutral. Additionally, we examined nanoparticle-amino acid binding
under conditions of high and low salt concentration. High salt concentration is expected to
shield positive and negative charges, and if electrostatic effects are the driving force for
binding, then the STD effect is expected to decrease under high salt conditions.
To probe whether hydrophobic effects are primarily responsible for binding of
long-chain aliphatic amino acids to polystyrene nanoparticle beads, we examined the STD
effect for binding between polystyrene NPs for several unnatural amino acids containing
increasingly long aliphatic side chains.
The studies done in the current work provide more evidence for the various modes
of binding to polystyrene NPs that were previously proposed, and further validate the use
of solution-state saturation-transfer difference NMR as a technique to study ligand binding
to nanoparticle surfaces.
3.2 Materials and methods
Aliphatic amine polystyrene latex beads (2% w/v suspension in de-ionized water,
0.04 µm) were purchased from Thermo Fisher Scientific (Waltham, MA, USA). According
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to the manufacturer, the beads are zwitterionic with high density of amine and carboxyl
groups on the surface. All amino acids were purchased from Sigma-Aldrich (St. Louis,
MO). Sodium hydroxide, sodium phosphate monobasic monohydrate (certified ACS,
crystalline), sodium phosphate dibasic heptahydrate (certified ACS, crystalline), and
deuterium oxide (99.8 atom % D, for NMR, Acros Organics) were purchased from Fisher
Scientific (Hampton, NH, USA). Phosphoric acid was purchased from Sigma Life Science
(St. Louis, MO). All reagents and solvents were used as received.
Zeta potential was measured on a Brookhaven NanoBrook Omni particle size and
zeta potential analyzer (Holtsville, NY, USA) using Phase Analysis Light Scattering
(PALS) zeta potential measurement mode. Each measurement was done in triplicate. The
Smoluchowski zeta potential model was used to analyze the data.45 Zeta potential
measurements were made on samples of beads only in the absence of amino acids, in H2O
with a phosphate buffer concentration of 10 mM, or with samples in which the pH was
adjusted by addition of 0.1 M HCl and 0.01 M HCl and NaOH solutions.
For NMR samples, 200 mM phosphate buffer in D2O was used to prepare samples
at pH 2, 6 and 9. The actual pH values reported in Tables 3.1 and 3.2 are values that were
directly measured by the pH probe, without any corrections for isotope effect. All amino
acid concentrations were 35 mM and all weight percents of aliphatic amine beads were
0.21% w/v in the final samples. For the arginine sample described in Figure 4 in which the
pH was adjusted with 0.1 M HCl, the arginine concentration is slightly less than 35 mM.
Tyrosine was not tested at any pH and glutamic acid and aspartic acid were not tested at
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pH 6, due to low solubility. The samples were transferred into 5 mm od NMR tubes (Norell
inc, Morganton, NC) for NMR measurements.

Table 3.1. pH values of each amino acids/polystyrene bead sample
All NMR experiments were performed on a Bruker 500 MHz NEO NMR
spectrometer with a BBO Prodigy nitrogen-cooled cryoprobe. One-dimensional proton
experiments used a 12.5 µs 90˚ pulse with a 1 s recycle delay, 8 scans, 12 ppm spectral
width and 3 s acquisition time. STD experiments were performed using the standard
sequence, “stddiffesgp”, from the Bruker pulse sequence library.35,36 Off-resonance
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saturation was performed at 40 ppm and on-resonance saturation was performed at 12 ppm.
No signal is present in the NMR spectra at 12 ppm, and control experiments for amino acid
samples in the absence of polystyrene beads confirmed that saturation at 12 ppm did not
disturb the ligand resonances. Saturation of the polystyrene beads was achieved by a train
of Gaussian pulses of 50 ms each. 8 scans were collected in an interleaved manner for each
on- and off-resonance spectrum. The STD experiment was acquired with a 3 s acquisition
time and 12 ppm spectral width. Four dummy scans were collected at the beginning of each
STD experiment. Saturation times and recycle delays were adjusted for the STD buildup
time of each sample, and ranged from 7 to 15 s and 2 to 12 seconds for the recycle delays
and saturation times, respectively. For both 1D 1H and STD experiments, the excitation
sculpting with gradients water suppression sequence was used.46 All experiments were
done at 298 K. Bruker Topspin 4.0.5 and 4.0.6 software were used to process all NMR
spectra. A custom-written MATLAB script was used to process phase corrected spectra to
calculate peak integrals. All MATLAB operations were done with MATLAB R2018a
software (MathWorks, Natick, MA, USA).
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Figure 3.1. The structure of 20 amino acids.
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3.3 Results and discussion
We have screened all 20 amino acids (with the exception of tyrosine, aspartic acid,
and glutamic acid for reasons of low solubility) for binding to the surface of aliphatic amine
polystyrene nanoparticle beads using the STD method. The structure of 20 amino acids is
displayed in Figure 3.6. STD experiments were first performed for samples containing 35
mM amino acid and 0.21 % w/v of polystyrene latex beads with a saturation time of 10 s.

Figure 3.2. Initial slope of the STD buildup curve for the nine amino acids showing
significant STD effects at high, neutral, and low pH. For amino acids with multiple proton
peaks, the highest initial slope is shown in each case (the highest initial slope at high,
neutral, and low pH may not necessarily represent the same proton). Amino acids that are
not listed did not show appreciable STD effects with a 10-second saturation time.
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Exceptions are tyrosine at all pH values and aspartic acid and glutamic acid at pH 6, which
were not tested due to low solubility.
For those amino acid samples for which an STD effect was observable at a 10second saturation time, the full STD buildup curve was constructed by performing
experiments at several saturation times. The resulting STD buildup curve was then fit to an
exponential buildup equation:
𝑆(𝑡) = 𝑆*/0 (1 − 𝑒 #&1 )

(1)

Where S(t) is the STD effect at time t, Smax is the maximum STD effect and k is a buildup
curve. Best-fit values of Smax and k were determined for each buildup curve from a
nonlinear least-squares fit. The initial slope of the STD buildup curve was then calculated
as the derivative of equation (1) at time 0,
𝜕𝑆(𝑡)
= 𝑆*/0 (𝑘𝑒 #&1 )
𝜕𝑡

(2)

𝜕𝑆(𝑡)
:
= 𝑆*/0 ∗ 𝑘 ∗ 1 = 𝑆*/0 ∗ 𝑘
𝜕𝑡 123

(3)

For those amino acids that exhibited observable STD effects at a 10-second
saturation time and for which an STD buildup curve was constructed, the highest initial
slope of the buildup curve at low, neutral, and high pH is shown in Figure 3.2. For amino
acids with more than one proton peak, the value for the peak with the highest initial slope
is shown. Error bars are propagated errors from the fit to Smax and k. These values and
errors are also listed in Table 3.2.
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From Figure 3.2, the highest initial slopes at all pH values are for the aromatic
amino acids tryptophan and phenylalanine. The next highest values of initial slope of the
STD buildup curve listed in Figure 1 are for histidine, arginine, and lysine, which are
nominally positively charged at neutral pH. To explore the effect of pH in more detail, the
zeta potential of the polystyrene beads at high, neutral, and low pH is shown in Figure 3.3
and the net ionic charge of each amino acid at the various pH values are listed in Table 3.3.

Table 3.2. The maximum initial slope values of STD buildup curve of all amino acids show
significant STD effect at three pH ranges, low pH, neutral pH and high pH. Their propagate
error of the fitting error of Smax * K are also calculated and listed above.
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Figure 3.3. Zeta potential measurement for polystyrene NPs at different pH. The pH was
adjusted with 10 mM phosphate buffer. For pH adjusted without buffer, 0.1 M and 0.01 M
HCl and NaOH solutions are used to achieve the target pH value.

From Figure 3.3, we see that the polystyrene beads have a positive charge at low
pH, and a negative charge at neutral and high pH. The amino acids histidine, arginine, and
lysine are all also positively charged at low pH (with a net ionic charge greater than +1)
and exhibit no binding interaction with the positively charged beads at low pH. At high
and neutral pH, the behavior is more complicated, so we display the full STD buildup
curves in Figure 3.4.
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Amino
Acid
Trp
Phe
His
Arg
Lys
Met
Leu
Ile
Pro
Glu
Asp

Actual
pH
2.04
2.03
2.26
2.35
2.15
2.00
2.00
2.02
2.05
1.87
1.88

Net Ionic
Charge
0.69
0.59
1.22
1.32
1.50
0.59
0.68
0.63
0.44
0.66
0.53

Actual
pH
6.25
6.35
6.42
6.64
6.53
6.27
6.28
6.31
6.30

Net Ionic
Charge
0.00
0.00
0.29
1.00
1.00
0.00
0.00
0.00
0.00

Actual
pH
9.45
9.19
9.49
10.97
10.33
9.38
9.83
9.76
10.42
9.77
9.90

Net Ionic
Charge
-0.56
-0.56
-0.71
-0.06
-0.25
-0.67
-0.64
-0.59
-0.47
-1.61
-1.63

Table 3.3. Net Ionic Charge of Amino Acids at High, Neutral, and Low pH. In each case,
the actual pH was measured for the final sample including buffer, polystyrene beads, and
amino acid. The net ionic charge is calculated based on the literature pKa values of each
amino acid and the actual pH.

At neutral pH (Figure 3.4 b, d, and f), the polystyrene beads carry a negative charge,
while these three amino acids are all positively charged. Although histidine has the lowest
net ionic charge at this pH, histidine protons exhibit the largest STD effects at neutral pH.
This may be due to the aromatic nature of histidine, and pi-pi interactions between the
histidine and styrene molecules of the NPs may also be contributing to binding in addition
to electrostatic effects. All three positively-charged amino acids exhibit measurable STD
effects when binding to the negatively-charged beads at neutral pH, as expected.
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Figure 3.4. Full STD buildup curves for histidine, arginine, and lysine interacting with
aliphatic amine polystyrene beads at high and neutral pH. (a and b) histidine, (c and d)
arginine, and (e and f) lysine. The chemical structure of each amino acid with peak
assignments is shown to the left of the corresponding plots. (a,c, and e) high pH (around
pH 9), (b,d, and f) neutral pH (around pH 6).

At high pH (Figure 3.4 a, c, and e), the polystyrene beads carry a negative charge,
as do histidine and lysine. Since the beads and amino acids have the same charge,
electrostatic repulsion decreases the binding strength and the STD effect is reduced. In the
case of arginine, at high pH the net ionic charge is only slightly negative (essentially
neutral). Therefore, upon going from neutral pH (~6.5) to high pH (~10) the STD buildup
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curves of arginine do not significantly decrease, and in fact the initial slope of the buildup
curve of the d proton actually increases. The lack of a substantial difference in the STD
buildup curves of arginine between neutral and high pH may be due to hydrophobic effects,
which are also present. The difference in attraction between negatively charged beads and
positively charged arginine and negatively charged beads and neutral arginine may be
offset by the difference in the stability of positively charged versus neutral arginine in water
solvent. At neutral pH, positively charged arginine will be more stable in the solvent than
neutral arginine at high pH. The destabilizing effect of arginine-water interactions at high
pH will drive higher binding of arginine to the polystyrene beads through the hydrophobic
effect. This increase in binding at high pH due to the hydrophobic effect may offset the
decrease in binding due to reduced electrostatic effects between arginine and the
polystyrene beads at neutral pH. This offset leads to approximately equal binding affinity
of arginine and aliphatic amine polystyrene beads at neutral and high pH.
In order to explore the effects of electrostatic interactions in more detail, in Figure
3.5 we compare initial slopes of the STD buildup curve of arginine in samples with similar
pH, but different total salt concentrations. Arginine was chosen because at this pH we
expect the beads to be negatively charged and the amino acid to be positively charged, and
that the interactions between the two are due mainly to electrostatic effects. In order to test
this hypothesis, the blue bars in Figure 3.5 represent initial slopes for a sample at pH 6.64
that was controlled with 200 mM phosphate buffer, while the orange bars are initial slopes
for a sample at pH 6.31 that was adjusted with HCl, and should be expected to have a lower
total salt concentration. The high salt concentration of the sample containing buffer will
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screen the charges on the arginine and polystyrene beads and reduce the electrostatic
effects. As expected, this is observed in Figure 3.5 as a decrease in the initial slope of the
STD buildup curve at high salt concentrations.

Figure 3.5. Initial slope of the STD buildup curve of 35 mM arginine interacting with
aliphatic amine polystyrene NPs. The blue bars are initial slopes for a sample at pH 6.64
controlled with 200 mM phosphate buffer and the orange bars are initial slopes for a sample
at pH 6.31 that was adjusted with 0.1 M HCl.

The last set of amino acids that exhibit observable STD effects when binding to
aliphatic amine modified polystyrene NPs as seen in Figure 3.2 are long-chain aliphatic
amino acids. Other hydrophobic amino acids with shorter side chains, such as alanine and
valine, did not exhibit any observable STD effects. In order to explore in more detail the
length of the aliphatic side chain that was needed to exhibit measurable binding to
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polystyrene beads, we performed structure-activity studies on a series of natural and
unnatural amino acids with varying lengths of the side chain. The results are shown in
Figure 3.6. For amino acids with fewer than six carbons, including glycine, alanine, 2aminobutyric acid, and norvaline, only subtraction errors are observed in the STD
difference spectrum (the integral of these signals are close to zero). Of the series of amino
acids studied, only norleucine, with a total of six carbons, exhibits an observable STD
difference spectrum. The maximum STD effect for norleucine is 0.025. With increasing
length of aliphatic side chain, amino acid molecules become more hydrophobic, and thus
result in stronger hydrophobic interaction, which acts as the driving force to facilitate the
binding to polystyrene NPs.
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Figure 3.6. STD difference spectrum of unnatural amino acids with aliphatic amine
modified polystyrene NPs at pH 6. From bottom to top, amino acids are glycine, alanine,
2-aminobutyric acid, norvaline, and norleucine. The pH was controlled with 200 mM
phosphate buffer and specific pH values are listed in Table 3.4. The concentration of amino
acid in each case is 35 mM. The saturation time in each experiment is 10 s.
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Amino acids with PS NPs

pH

Glycine

6.23

Alanine

6.30

2-aminobutyric acid

6.32

Norvaline

6.32

Norleucine

6.35

Table 3.4. pH values of amino acid in polystyrene nanoparticle sample
3.4 Conclusions
In the current work, we obtain more insight into the three modes of binding between
amino acids and polystyrene NPs that were proposed in our previous work.31 By examining
binding between charged amino acids and zwitterionic polystyrene beads at different pH
values and salt concentrations, we find that electrostatic effects are important to binding.
A series of unnatural amino acids with long aliphatic chain substituents were used to
establish a structure-activity relationship between the length of the side chain and an
observable STD effect.
Based on these studies, we conclude that in order to bind, amino acids must have
either a long hydrophobic side chain or aromatic side chain. Once this criterion has been
met, electrostatic effects will further contribute to the relative binding intensity of amino
acids.
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The deeper insight into the relative importance of these three binding interactions
will contribute to a better prediction of how other small molecules, peptides, and proteins
may interact with the surface of polystyrene NPs.
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CHAPTER FOUR
13

C SATURATION TRANSFER DIFFERENCE NMR EXPERIMENTS USING
INEPT POLARIZATION TRANSFER

4.1 Introduction
In early stage drug discovery, high throughput screening of compound libraries is
generally required to find potential drug candidates. NMR spectroscopy plays an important
role in screening drug candidates as it can provide atomic level structural information.1–6
Generally, NMR methods used in screening drug candidates can be categorized in two
class: protein-based screening7 and ligand-based screening.3 In protein-based NMR
methods, signals from proteins are detected and chemical shift changes of protein signal
due to ligands binding are monitored.5,7 In ligand-based NMR approaches, signals from
ligands are observed and differences in chemical shift and peak line shape are used to
identify binding between ligands and receptors.3 Some ligand-based NMR methods also
rely on magnetization transfer, such as transferred Nuclear Overhauser Effect Spectroscopy
(trNOESY),8 water Ligand Observation with Gradient Spectroscopy (waterLOGSY),9
Target Immobilized NMR Screening (TINS)10 and STD NMR.11
As one ligand-based NMR method, STD-NMR spectroscopy, as illustrated in
Figure 4.1, has attracted increasing pharmaceutical and academic research interest.12–15 It
is able to differentiate binding and nonbinding ligands from a mixture of molecules.11,16–18
In addition, it can also map the binding epitopes of binding molecules at atomic level
resolution, determining which part of the molecule actually binds receptors.19–21 STD NMR
has been used to monitor intermolecular interaction between receptors and ligands,22,23
such as protein-ligand interaction24–26 and small molecule-nanoparticle interaction.27–29 In
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addition to qualitatively studying the ligand-receptor system, STD NMR can quantify the
binding affinity of ligand molecules.28 In our previous collaborative work, we have
examined the binding between small molecules and nanoparticle using STD NMR.

28

In

this work, the dissociation constant KD of isopropanol to carboxylate-modified polystyrene
NPs was determined. Since STD-NMR is a ligand-based method, there is no molecule
weight limit of protein receptors. Also, it does not require a high concentration of protein
receptors and only 𝜇M amount of proteins are enough. This can largely alleviate low
solubility problem of proteins. Also, STD-NMR is suitable for a large range of binding
affinity, with KD from mM to nM.12

Figure 4.1. Illustration of STD NMR experiments for a ligand-receptor system.
The most commonly used STD NMR experiment is based on proton nuclei.
However, 1H STD NMR spectrum suffers from several problems, which hinders the
applications of STD NMR. One problem is peak overlap due to the small chemical shift
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range of proton nuclei. The peak overlap issue makes it difficult to acquire useful
quantitative information from 1H STD NMR. For example, if two peaks from ligand
molecules overlap with each other, it would be no longer feasible to get accurate peak
integral, thus STD effect could not be calculated. Another problem comes from the solvent
(the strong residual water peak). Peaks from ligands will be affected if they are close to
the water peak. Also, in some biological samples, ligand peaks may also be disturbed if
their chemical shift is in the same region as the intense protein methyl peaks.
There have been several ways to address these problems of 1H STD NMR. Water
suppression using excitation sculpting methods can help to overcome the solvent
problem.30 Applying a spin-lock filter after STD pulse sequence can suppress signals from
protein targets.14 As for peak overlapping problems, one way is to use two-dimensional
STD-NMR methods, including STD-TOCSY31,32 and STD-HSQC.33,34 However, 2D NMR
experiments are time consuming because they require collecting multiple 1D experiments
to obtain the second dimension. For example, Wagstaff et al. have used two-dimensional
13

C-STD-HSQC NMR to investigate the interaction between peptide ligands and protein

targets. In their work, each difference

13

C-STD-HSQC spectrum required over 12 h to

collect the dataset. Recently, the non-uniform sampling technique has been developed and
can significantly shorten the time required to collect 2D spectra data. However, even using
non-uniform sampling, the time consuming problem in the 2D 13C-STD-HSQC spectrum
can still not be completely resolved, because it is required to run STD-HSQC experiments
at different saturation times in order to plot the STD buildup curve, which results in a
multiplied time requirement.

91

Another way to resolve the peak overlap issue is to take advantage of large chemical
shift dispersion of other nuclei, such as

13

C. However, there is an inherent challenge of

using 13C as the STD probe, because the 13C nucleus has a very low sensitivity owing to its
small gyromagnetic ratio, which is approximately 1/4 of proton, and low natural
abundance, which is only 1.1% of total carbon. In STD NMR experiments, the low natural
abundance of

13

C nucleus is an extremely fatal weakness, because the success of this

experiment relies on spin diffusion to spread the saturation to the entire receptors and to
ligand binding pockets, which will be significantly hindered by the low abundance of 13C
isotopes. To improve the low sensitivity problem of carbon nucleus, one way is to use
isotope enriched molecules. But isotope labelling is expensive and time consuming to
produce, compared to natural molecules. Here, we present another way to alleviate the low
sensitivity issue of carbon and thus make it possible to use 13C as an STD NMR probe.
That is, we incorporate the Insensitive Nuclei Enhanced by Polarization Transfer (INEPT)
pulse sequence into STD NMR pulse sequence. In this method, the receptor protons are
selectively saturated, and then the polarization are transferred from proton to carbon by
using the INEPT pulse sequence. In fact, this idea has been reported before by Räuber and
Berger.35 They have obtained the 13C-detected STD spectrum to investigate interaction of
3-13C-phenylalanine and human serum albumin. In their work, they only obtained the
spectrum of 13C-STD NMR and briefly showed the use of it with one example.
In this work, we further explore the possibility of 13C-detected STD NMR by using
several combinations of molecules. We have performed 1H → 13C INEPT STD-NMR
method (described as STD-INEPT in the following text). Different molecules interacting
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with carboxylate-modified polystyrene NPs are selected to explore the application of STDINEPT under different conditions. For each molecule, 1H STD-NMR and STD-HSQC
NMR experiments have also been implemented as comparison. By comparing results from
STD-INEPT experiments with other two methods, we discovered the advantages and
disadvantages of STD-INEPT methods.
4.2 Materials and methods
Carboxylate-modified polystyrene latex beads (4% w/v, 0.020 μm) and deuterium
oxide (Acros Organics) were purchased from ThermoFisher Scientific (Waltham, MA,
USA). D-phenylalanine, pentanol, and L-tryptophan, L-threonine, and L-arginine were
purchased from Millipore Sigma (Burlington, MA, USA). All reagents were used as
received without further purification.
D2O was used to dissolve each compound and polystyrene NPs suspension were
then added to the solution so that the final concentration was 100 mM phenylalanine, 240
mM pentanol, and 35 mM each of arginine, threonine, and tryptophan. The final weight
percent of polystyrene latex beads was 0.4% (w/v) in the phenylalanine and amino acid
samples and 2% (w/v) in the pentanol sample. Samples were transferred to 5 mm od NMR
tubes (Norell, Inc, Morganton, NC, USA) for measurement. Control samples were prepared
with the same concentration of analyte but with an equal volume of de-ionized H2O added
in place of the polystyrene beads.
All NMR experiments were performed on a Bruker NEO 500 MHz NMR
spectrometer with a Prodigy nitrogen-cooled cryoprobe. Standard Bruker pulse sequences
were used for the 1H STD and STD-HSQC experiments. Standard proton and carbon 90°
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pulse lengths were 12.5 𝜇s and 10 𝜇s, respectively. The 1H→13C INEPT STD experiments
were conducted by modifying the standard 1H→13C INEPT sequence to include saturation
on the proton channel at a specified frequency prior to the first 1H 90° pulse. On- and offresonance spectra were collected in a non-interleaved manner for the STD-INEPT
experiments. For the STD-HSQC experiments, the STD effect was calculated by
comparing the difference intensity to the intensity of the same peak in a standard HSQC
experiment, without any saturation. Saturation was achieved using a train of 50-ms
Gaussian pulses. On-resonance saturation was done at 12 ppm and off-resonance saturation
was done at 200 ppm. Recycle delays were 12 s for the phenylalanine sample and 5 s for
the pentanol and amino acid mixture samples for all experiments.
For the 1H STD-NMR experiments, a spectral width of 11.75 ppm and acquisition
time of 3 s were used. 16 scans each with on- and off-resonance saturation were collected
in an interleaved manner following four dummy scans.
For the STD-HSQC experiment, spectral widths of 15.61 ppm in the proton
dimension and 165 ppm in the carbon dimension were used. 8 scans each with on- and offresonance saturation were collected following 16 dummy scans. 128 increments were
collected in the second dimension. The two-dimensional FIDs were zero-filled to
8192×8192 and line broadening of 0.3 Hz was applied before Fourier transformation.
For the 1H→13C INEPT STD experiments, a spectral width of 248.37 ppm and
acquisition time of 1.04 s were used. For phenylalanine and the amino acid mixture, 512
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scans each with on- and off-resonance saturation were collected following 16 dummy
scans. For the pentanol sample, only 64 scans each with on- and off-resonance saturation
were collected. The FIDs were zero-filled to 131,072 and 5 Hz of line broadening was
applied prior to Fourier transformation.
4.3 Results and discussion
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Figure 4.2. STD buildup curves for phenylalanine interacting with the surface of
carboxylate modified polystyrene beads. (a) Chemical structure of phenylalanine with
proton peak assignments, (b-d) STD buildup curves constructed from (b) a standard onedimensional 1H STD-NMR experiment, (c) an STD-HSQC experiment, and (d) an STDINEPT experiment.

Phenylalanine with carboxylate modified polystyrene beads is used to examine the
STD-INEPT pulse sequence. The chemical structure of phenylalanine and its proton peak
assignments are shown in Figure 4.2. To examine the STD-INEPT method, we compare
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results from STD-INEPT experiments with 1H STD-NMR and STD-HSQC experiments.
The buildup curve is plotted for each proton peak in phenylalanine spectrum using
experimental dataset from 1D 1H STD-NMR, Figure 4.2 (b), STD-HSQC, Figure 4.2 (c)
and STD-INEPT, Figure 4.2 (d). As shown in Figure 4.2 (b-c), we can see that STD-INEPT
display a similar trend with 1H STD-NMR and STD-HSQC. The STD effects of aromatic
region (δ,𝜀, 𝜁) in phenylalanine are higher than that of α and β sites. However, there are
also several differences. The maximum STD effect of STD-HSQC and STD-INEPT is
smaller than that of 1H STD-NMR. Also, STD effect in STD-HSQC and STD-INEPT
reaches its maximum faster than 1H STD-NMR. Although STD-HSQC and STD-INEPT
have similar quantitative level in STD effect, the experimental data points in STD-INEPT
buildup curve are more scattered than STD-HSQC. Another difference is the time
requirement. STD-INEPT experiment saves time compared with STD-HSQC experiments.
Specially, for this phenylamine sample, 7 h is required to run each STD-HSQC experiment
while each difference STD-INEPT spectrum requires 4 h to collect the dataset.
The reason why STD-INEPT resembles the STD-HSQC in buildup curve trend is
that they show the same information in essence. It is the saturation transferred from the
receptor protons to each CHn groups, instead of to only protons, in ligands that are actually
observed in these two experiments. Comparing with 1H STD-NMR, STD-INEPT and STDHSQC have a different buildup curve in quantitative aspect. This is because measured STD
effect from these methods comes from different sites. In 1H STD-NMR experiments, STD
effect is calculated for each proton site, while in STD-INEPT and STD-HSQC
experiments, STD effect is measured for each CHn group.
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After showing that STD-INEPT experiment is able to provide similar results as
STD-HSQC experiment, we further examine the capability of the STD-INEPT method to
resolve peak overlap issue in 1H STD-NMR. We use pentanol, which has a long aliphatic
chain, as a molecule model. The chemical structure of pentanol is shown in Figure 4.3 (a)
and its proton assignment is denoted with different color dots. The reference and difference
1

H STD-NMR spectrum of pentanol are displayed in Figure 4.3 (b). As we can see in this

Figure, two CH2 (grey and green dots) groups have the same chemical shift and overlap
with each other due to their similar electronic environment in the long aliphatic chain of
pentanol. Even worse peak overlap can be expected if the molecules have even longer
aliphatic chain, such as octanol. The STD-INEPT spectra, which detect 13C instead of 1H,
do not suffer from peak overlap issue and have five clear individual peaks because of the
larger chemical shift dispersion of 13C than proton nucleus.
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Figure 4.3. Comparison of various STD-NMR techniques for examining pentanol binding
to the surface of carboxylate-modified polystyrene NPs. (a) Chemical structure of pentanol
with peak assignments. (b) 1H STD-NMR spectrum of pentanol (c) STD-INEPT spectrum
of pentanol. In (b) and (c), blue is the reference spectrum and red is the difference spectrum
obtained at a saturation time of 3 s. (d) Comparison of STD buildup curves obtained from
1

H STD, STD-HSQC, and STD-INEPT experiments. The STD-INEPT buildup curve is in

agreement with that from the STD-HSQC experiment, but each STD-HSQC experiment
took 3 h, while each STD-INEPT experiment only took 16 min.
In Figure 4.3 (d), the comparison of buildup curve from 1H STD-NMR, STDHSQC, and STD-INEPT experiments is shown. From the comparison, we can clearly see
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a similar buildup curve trend between these three methods, although STD-HSQC and STDINEPT do not quantitatively agree with 1H STD-NMR as was the case of phenylalanine.
In addition, 1H STD-NMR spectra only have four resolved peak sites while STD-HSQC
and STD-INEPT spectra display five resolved peak sites. This again demonstrates that
STD-INEPT is able to provide the same information as the other two methods. At the same
time, STD-INEPT resolves the peak overlap problem and enables the epitope mapping. As
shown in both STD-HSQC and STD-INEPT buildup curves, these five aliphatic protons
have very similar STD effects and initial slope. Based on this, we can further infer that
pentanol molecules adopt a flat geometry on the surface of polystyrene beads, which means
all five CHn groups are about the same distance away from the surface. This demonstrates
the promise of further using STD-INEPT method to provide conformation information of
ligand molecules interacting with receptors. It is notable that STD-INEPT still maintain its
time advantage over STD-HSQC for this pentanol sample. Specially, for each STD-INEPT
experiment, only 16 min are required to collect data, while 3 h are needed to run an STDHSQC experiment.
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Figure 4.4. (a-c) A portion of the standard 1H NMR spectra of (a) threonine, (b) arginine,
and (c) tryptophan in the presence of 20 nm polystyrene beads. (d) The same region of the
1

H STD reference spectrum for a mixture of 35 mM each of tryptophan, arginine, and

threonine interacting with 20 nm polystyrene beads. The tryptophan b protons, at 3.2 and
3.4 ppm, overlap with peaks from arginine and threonine, respectively, so that an STD
effect could not be calculated for these protons. (e) The same region of the 1H STD
difference spectrum showing an STD effect from tryptophan and arginine. An STD effect
would be difficult to determine for the overlapping peaks between 3.0 and 3.4 ppm.
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Having shown the capability of STD-INEPT to resolve peak overlapping issue in a
single molecule, we further explore its application in more realistic situation, a mixture of
ligands. We have used the STD-INEPT method to study the interaction of a mixture of
three amino acids, threonine, arginine, and tryptophan, with polystyrene beads. In Figure
4.4 (d,e), a portion of 1H STD NMR spectra of the mixture sample is shown. In addition,
we have also shown the same chemical shift region of the standard 1H NMR spectra of
each amino acid interacting with polystyrene nanoparticle beads in Figure 4.4 (a-c). As
shown in Figure 4.4 (d), tryptophan b proton peaks, at 3.2 and 3.4 ppm, have significant
overlap with threonine and arginine peaks, which makes it impossible to calculate the STD
effect for tryptophan b protons. In addition to the peak overlap issue, there are obvious
changes in proton chemical shifts of these amino acids after mixing them together, which
makes the peak assignment time-consuming. The large chemical shift arises from the fact
that proton nuclei are very sensitive to the surrounding environment. Mixing different
molecules together could lead to a pH change and subsequently change the chemical shift
of protons. Notably, HSQC spectra will also suffer from this peak shift problems. However,
the chemical shift of carbon nuclei does not change much as environment change owing to
their large chemical shift dispersion, as shown in Figure 4.5.
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Figure 4.5. (a-c) A portion of the carbon INEPT spectra of (a) threonine, (b) arginine, and
(c) tryptophan in the presence of 20 nm polystyrene beads. (d) The same region of the
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Carbon peak assignments, using the one-letter code for each amino acid, are listed in (d).
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Figure 4.5 shows a part of the carbon INEPT spectra (a-c) of each individual amino
acid in polystyrene beads and the same part of the carbon STD-INEPT spectra for the
mixture of these three amino acids interacting with polystyrene beads. By detecting 13C
nuclei, peak overlap is no longer a problem and chemical shift also does not change much,
which requires less effort in assigning peaks in a mixture of ligands. With less ambiguity
in peak assignments by using STD-INEPT methods, it becomes easy to tell that threonine
does not bind to polystyrene beads as there is no signal in STD different spectrum. Besides,
it is more accurate to calculate the STD effects for tryptophan and arginine as there is no
peak overlap interference. Actually, any NMR methods that involve detecting 13C nuclei
are able to resolve the peak overlap issue, such as STD-HSQC NMR. However, onedimension STD-INEPT NMR method has advantage in time requirement over 2D STDHSQC NMR. Only 30 min are required to collect each STD-INEPT spectrum for this
mixture samples while 3 h are needed to acquire each STD-HSQC spectrum.
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Figure 4.6. Comparison of STD buildup curves determined from (a,d,g) 1H STD-NMR
experiments, (b,e,h) STD-HSQC experiments, and (c,f,i) STD-INEPT experiments for
(a,b,c) tryptophan, (d,e,f) threonine, and (g,h,i) arginine in a mixture of the three amino
acids interacting with 20 nm polystyrene nanoparticle beads.

The STD buildup curves determined from 1H STD-NMR experiments, STD-HSQC
experiments, and STD-INEPT experiments for each amino acid in the mixture sample is
shown in Figure 4.6. When applying to a mixture of ligands, the STD-INEPT method does
not have a good performance in determining STD effects. As shown in Figure 4.6, the STD
effects obtained from STD-INEPT experiments have larger errors than the other two
methods, and the buildup curves are more scattered. Although STD-INEPT is not good at
determining STD effects for molecules in a mixture, it can still play an important role in
screening ligands and mapping group epitope at the very beginning of exploration,
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especially when 1H NMR spectrum has worse peak overlap issue. It is worth to mention
that the large errors in STD buildup curves from STD-INEPT experiments may be
improved if hyperpolarization techniques are applied to increase signal-to-noise.36
4.4 Conclusions
In this work, we have explored the possibility of 13C-detected STD NMR by using
a series of molecules. We have implemented 1H→13C STD-NMR with INEPT method,
quantified the STD effect, plotted buildup curves and compared results from STD-INEPT
experiments with

1

H STD-NMR and STD-HSQC NMR experiments for several

combinations of molecules interacting with carboxylate-modified polystyrene NPs. In most
conditions, STD-INEPT method is able to provide similar information to the 1H STD-NMR
and STD-HSQC methods while resolving peak overlap issue and saving time. The STDINEPT method could have great benefit in screening ligands and mapping group epitope
at the very beginning of exploration, especially when 1H NMR spectrum has worse peak
overlap issue.
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CHAPTER FIVE
CONCLUSIONS AND FUTURE WORK
5.1 Conclusions
Overall, this thesis has discussed the development and application of NMR
techniques, in particular STD NMR spectroscopy, to study the interaction between small
molecules and NPs. Chapter Two and Chapter Three are about the application aspects of
STD NMR spectroscopy. Specially, Chapter Two describes studying the interaction
between xanthene dyes and amidine- and carboxylate-modified polystyrene NPs by 1H and
STD NMR methods. Besides, results from NMR methods have been compared with results
from two optical techniques (UV−vis and fluorescence). We find that these two types of
techniques validate each other. Moreover, we show that NMR techniques, especially STD
NMR, can provide more atomic-level binding geometry information. After showing the
application of STD NMR in studying ligand-receptor interaction, we further explore more
application possibility of STD NMR spectroscopy, that is, probing the driving forces that
are responsible for binding between amino acids and polystyrene NPs, as described in
Chapter Three. A series of experiments are executed to investigate two binding modes:
electrostatic interaction and hydrophobic interaction.
In these projects, we find that there are severe peak overlap problems in some 1H
STD NMR spectra, which result in missing information in STD-based epitope mapping
and make it impossible to accurately determine the STD effects. Therefore, we try to
develop a STD NMR method that could solve the peak overlap issue. In Chapter Four, we
mention the development of STD-NMR spectroscopy, examining the
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13

C STD NMR

experiments using the INEPT pulse sequence. Under favorable conditions, a 1H→13C STDINEPT experiment can give information similar to that obtained from a two-dimensional
heteronuclear experiment, but in significantly less time.
5.2 Future work
Although some applications and development of STD NMR spectroscopy have
been discussed in this thesis, there are still questions that can be explored further. In
Chapter Three, the applications of STD NMR spectroscopy in probing the driving forces
for binding between amino acids and NPs have been presented. Results of this application
is possible to be used to predict the binding between peptide and NPs. To verify this, the
next step can be towards studying interaction between NPs and small peptides by STD
NMR.
In order to test whether STD NMR can monitor the structure change of peptide or
not, a specific sequence of amino acids can be tested first. One end of the peptide needs to
be amino acids that binds to NPs, while the other end contains amino acids that do not bind.
A hexapeptide would be a good start. There could be lots of interesting combinations of
amino acids to test. For example, different number of binding amino acids can be included
into peptides to see the structural change, such as WWWAAA vs WAAAAA. Also,
different binding intensity of amino acids can also be considered, such as MAAAWG vs
HAAAWG. The order of binding amino acids and nonbinding amino acids will also result
in different structural change, such as AGWWGA vs WAGGAW, as show in Figure 5.1.
STD NMR would be used to characterize the interaction. From the STD NMR spectra, the
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initial slope of each peak of amino acids in peptide should be calculated to indicate the
strength of binding. By analyzing the initial slope of different amino acids in the peptide,
we could tell whether STD NMR has the ability to predict the structural change of peptides
on the surface of NPs.

WAGGAW

AGWWGA

Figure 5.1. Schematic illustration of structural changes of peptides on NPs surface.

114

APPENDICES

115

Appendix A
Copy Right Permissions from the Springer Nature

116

Appendix B
Copy Right Permissions from the American Chemical Society

117

